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1  | INTRODUC TION

Freshwater habitats are particularly sensitive to changes caused 
by anthropogenic stress, including habitat degradation, pollution 
and alteration of water inputs and flow (Dudgeon et  al.,  2006). 
Bioindicators are species or taxonomic groups that respond predict-
ably to environmental changes (Cairns & Pratt, 1993) and are often 

used to evaluate the degree of disturbance or habitat impairment 
(Norris & Hawkins,  2000). Aquatic macroinvertebrates are com-
monly used bioindicators in both lentic and lotic systems (Bonada, 
Prat, Resh, & Statzner, 2006; Cairns & Pratt, 1993); however, they 
present challenges to traditional morphological identification as 
some immature stages cannot be reliably identified. The difficulty of 
identifying juvenile or damaged specimens can result in a significant 
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Abstract
Freshwater biomonitoring programmes routinely sample aquatic macroinvertebrates. 
These samples are time-consuming to collect, as well as challenging and costly to 
identify reliably genus or species. Environmental DNA (eDNA) metabarcoding has 
emerged as a surrogate to traditional collection techniques and has been used in 
whole-community approaches across several taxa and ecosystems. However, the 
usefulness of eDNA-based detection of freshwater macroinvertebrates has not been 
extensively explored. Few studies have directly compared bulk sample and eDNA 
metabarcoding at a local scale to assess how effective each method is at characteriz-
ing aquatic macroinvertebrate communities. Here, we collected both eDNA and kick-
net samples at the same sample transect locations across nine different streams in 
southern Ontario, Canada. We observed minimal overlap in community composition 
between these paired samples. Bulk tissue metabarcoding resulted in a greater pro-
portion of sequences belonging to metazoan taxa (over 99%) than eDNA (12%) and 
had higher OTU richness for macroinvertebrate taxa. We suggest that degenerate 
primers are not effective for eDNA metabarcoding due to the high degree of nontar-
get amplification and subsequently low yield of target DNA. While both bulk sample 
and eDNA metabarcoding had the power to detect differences between stream com-
munities, eDNA did not represent local communities. Bulk tissue metabarcoding thus 
provides a more accurate representation of local stream macroinvertebrate commu-
nities and is the preferred method if smaller-scale spatial resolution is an important 
factor in data analyses.
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amount of human error due to misidentification (Haase et al., 2006). 
Additionally, the vast diversity of macroinvertebrates compared to 
other groups (e.g. vertebrates and plants) and the large number of 
individuals per sample can make sorting samples challenging, and 
obtaining species-level taxonomic resolution requires taxonomic ex-
pertise and is both time-consuming and costly (Marshall, Steward, 
& Harch,  2006). Routine biomonitoring typically involves process-
ing numerous samples, and due to the above constraints, environ-
mental assessments based on morphological identifications often 
use coarse taxonomic resolution (e.g. family level) as a surrogate 
(Buss et  al.,  2015). However, benthic macroinvertebrate families 
can be very diverse and contain genera and species across several 
different feeding guilds with specific habitat preferences or toler-
ances (Beermann, Zizka, Elbrecht, Baranov, & Leese, 2018; Macher 
et  al.,  2016; Resh & Unzicker,  1975). Lumping species together 
using coarse-level taxonomic identification can mask species-level 
turnover within a genus or family, or not prove sensitive enough 
to detect impairment or other ecological patterns (e.g. Gleason & 
Rooney, 2017).

Due to the challenges imposed by morphological approaches, the 
use of molecular identification through high-throughput sequenc-
ing (HTS; e.g. DNA metabarcoding, Taberlet, Coissac, Pompanon, 
Brochmann, & Willerslev,  2012) has become increasingly popular 
for aquatic macroinvertebrate communities (Carew, Pettigrove, 
Metzeling, & Hoffmann, 2013; Elbrecht, Vamos, Meissner, Aroviita, 
& Leese,  2017; Hajibabaei, Shokralla, Zhou, Singer, & Baird,  2011; 
Keck, Vasselon, Tapolczai, Rimet, & Bouchez,  2017). The use of 
molecular identification can yield higher taxonomic resolution 
than morphological approaches (e.g. Serrana, Miyake, Gamboa, & 
Watanabe,  2019; Sweeney, Battle, Jackson, & Dapkey,  2011), and 
HTS platforms can efficiently and cost-effectively sequence entire 
bulk specimen samples (Shokralla et al., 2014). Several metabarcod-
ing studies (Elbrecht et al., 2017; Shokralla et al., 2014) have already 
demonstrated the ability of DNA-based taxonomy to resolve diffi-
cult-to-identify macroinvertebrate taxa. For example, Beermann, 
Zizka, et al. (2018) detected 183 operational taxonomic units (OTUs) 
in the family Chironomidae (a diverse and ubiquitous family of 
Diptera) in a single-stream mesocosm experiment. Chironomid lar-
vae are often the most abundant family in macroinvertebrate sam-
ples (Beermann, Elbrecht, et al., 2018; Gleason & Rooney,  2018), 
but are difficult to identify and are often lumped together as one 
group. Using metabarcoding, Beermann, Zizka, et al. (2018) not only 
unveiled the vast diversity of chironomids within a single mesocosm, 
but also demonstrated that different groups displayed unique sensi-
tivities to environmental stressors. Using DNA metabarcoding in lieu 
of coarse-level identification can reveal species-level responses that 
were previously hidden by taxonomic surrogacy and provide valu-
able information on the response patterns of organisms to changes 
in environmental conditions.

Despite the continued cost-effectiveness of HTS platforms 
and utility of metabarcoding for biomonitoring applications, this 
approach still requires sorting hundreds or thousands of individual 
specimens from often debris-filled benthic samples. While sorting 

benthic macroinvertebrate samples does not require taxonomic ex-
pertise, it is still a time-consuming process and can bottleneck fresh-
water monitoring research. In some cases, specimens can be ground 
without sorting (Pereira-da-Conceicoa et al., 2020), but it is not clear 
if that is a possibility for all stream conditions (e.g. samples with a lot 
of organic debris or sand). A potential solution is to bypass benthic 
samples all together and collect environmental DNA (eDNA) directly 
from water samples to characterize macroinvertebrate communities 
(Deiner, Fronhofer, Mächler, Walser, & Altermatt, 2016; Hajibabaei 
et al., 2019; Macher et  al., 2018; Mächler et  al., 2019). This is ap-
pealing because it avoids the time-limiting step of physically col-
lecting and sorting through bulk samples. In addition to saving costs 
and person-hours, eDNA field sampling avoids disturbance to the 
stream bed and minimizes the risk of transferring aquatic patho-
gens between study sites, making it appealing from a biomonitoring 
perspective. The interest in the potential of eDNA to sample entire 
communities (e.g. through metabarcoding) has consequently in-
creased (Creer et al., 2016; Deiner et al., 2017; Valentini et al., 2016). 
Deiner et al.  (2016) demonstrated the power of eDNA methods to 
sample diverse communities by detecting 296 families of eukaryotic 
metazoans in a Swiss river. They compared these results to benthic 
kicknet sampling and observed greater family-level richness using 
eDNA, suggesting that eDNA may be a more effective method for 
monitoring taxa richness (Deiner et al., 2016). The promise of a sen-
sitive and cost-effective tool has made eDNA appealing for biomon-
itoring and biodiversity science (Thomsen & Willerslev,  2015) and 
has prompted research exploring its applications across many differ-
ent taxa and habitat types (Deiner et al., 2017).

However, there are currently many unknowns surrounding the 
origin, fate and longevity of DNA in aquatic habitats (Barnes & 
Turner,  2016). The transport of eDNA is particularly important in 
lotic systems. Genetic material should flow downstream (Deiner 
& Altermatt, 2014; Jane et al., 2015), but the distance it can travel 
and how long it persists in the environment can vary. For example, 
Wacker et  al.  (2019) observed no decrease in eDNA signal from 
freshwater pearl mussels (Margaritifera margaritifera) along a 1.7 km 
stretch of river, whereas Nukazawa, Hamasuna, and Suzuki (2018) 
were able to detect common carp (Cyprinus carpio) as far as 3  km 
downstream from its source while the amount of target DNA cop-
ies/L decreased with distance. When sampling for another species 
of mussel (Unio tumidus), Deiner and Altermatt (2014) discovered 
that the amount of eDNA decreased with distance but could still 
be detected up to 9.1 km from the source population. The potential 
of eDNA to travel far from its point of origin in rivers and streams 
means that eDNA presence may not reflect local communities but 
rather a landscape-scale integration of taxa present across the entire 
watershed (Deiner et al., 2016).

The comparison of eDNA-generated community inventories 
collected via water samples to those collected or surveyed using 
standard methods like kick sampling is an essential validation step to 
determine the reliability of using eDNA for a given taxon and habitat 
type. For aquatic vertebrates, the comparison of eDNA to traditional 
collection techniques has been promising. For both amphibians and 
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fish, Valentini et al.  (2016) detected an equal or greater number of 
species using eDNA across several different aquatic habitats, and 
Fuji et  al.  (2019) observed a 70% overlap in species composition 
when comparing eDNA metabarcoding to traditional sampling tech-
niques for fish. However, the effectiveness of eDNA for sampling 
benthic macroinvertebrate communities has been mixed. In a tar-
geted approach, Mächler, Deiner, Steinmann, and Altermatt (2014) 
compared benthic kicknet samples and eDNA samples for six macro-
invertebrate species (including gastropods, isopods and insects) and 
observed medium to high concordance between detections for each 
sampling method. However, Hajibabaei et  al.  (2019) reported that 
overall arthropod richness in Canadian wetlands was three times 
higher using bulk sample metabarcoding than eDNA metabarcoding 
and that there was only an 18% overlap in ESVs (exact sequence 
variants) between all pooled samples. While more taxa were de-
tected using eDNA metabarcoding compared to bulk sample me-
tabarcoding in New Zealand streams by Macher et al. (2018), more 
metazoan (and classical bioindicator taxa) OTUs were detected using 
bulk sample metabarcoding. Since environmental sampling contains 
all the microorganisms present in the water sample, it is possible that 
eDNA metabarcoding results in a higher amount of nonspecific am-
plification than bulk sample metabarcoding (Pereira-da-Conceicoa 
et al., 2020). While Macher et al.  (2018) reported the proportions 
of OTUs belonging to major taxonomic groups detected using each 
method using presence–absence data, it is also informative to com-
pare how targeted groups are represented by total sequence reads 
to determine which method best samples the community of interest.

Few studies have directly compared the community composition 
of aquatic macroinvertebrate samples collected using eDNA and kick-
nets and those that have focused on overall community dissimilarities 
between the two methods (Deiner et al., 2016; Macher et al., 2018; 
Pereira-da-Conceicoa et  al.,  2020). By pooling all samples and com-
paring them, it is not possible to observe variations in community 
composition that occur at the site or stream level. For example, eDNA 
samples taken along the same transect in a river may not detect the 
same species because eDNA is not necessarily homogeneously distrib-
uted in the water column. Macher and Leese (2017) collected water 
samples for eDNA metabarcoding at four proximate sample points in 
three different rivers and in some streams, and observed differences 
in community composition based on sample location (right or left river-
bank) or depth (top or bottom of water column). At small sample scales, 
this patchy distribution of eDNA can be detrimental to the goals of 
biodiversity monitoring and it is therefore important to compare paired 
bulk samples and eDNA samples directly.

How closely eDNA sampling reflects the community composition 
locally present in the stream benthos remains unclear. Given that pre-
vious comparative studies have reported taxa unique to each sampling 
method, it is likely that eDNA sampled from the water column and 
bulk samples collected from the benthos at the same location detect 
different species. Here, we compared paired eDNA and bulk samples 
using three methods of aquatic macroinvertebrate identification: (a) 
coarse-level taxonomic resolution based on morphological identifica-
tion of bulk macroinvertebrate samples, (b) metabarcoding tissue from 

bulk macroinvertebrate samples and (c) metabarcoding eDNA samples 
collected via water filtration. Based on previous studies and the un-
certainties surrounding eDNA transport and persistence, we predicted 
that the communities generated using eDNA metabarcoding will differ 
from those collected using traditional kicknet collection (both morpho-
logical and HTS identification) and also contain substantially more non-
target reads than metabarcoding of bulk invertebrate samples. While 
we expect there to be differences in community composition between 
these two collection methods, we aim to quantify this difference. A 
large difference in community composition (e.g. minimal overlap in 
OTUs) would be important to consider for river assessments. To test 
these predictions, we determined the overall composition between 
major groups at both the OTU and sequence read level and com-
pared dissimilarities between methods. Additionally, we addressed an 
existing knowledge gap by comparing the “overlap” in OTU identity 
between paired bulk and eDNA samples rather than the overall differ-
ence between pooled samples. Previous studies have combined entire 
eDNA data sets to compare against similarly pooled bulk tissue sam-
ples, and this does not accurately reflect whether or not an OTU was 
detected by each method at the same site. We further hypothesized 
that both molecular approaches will provide higher taxonomic reso-
lution and thus have a stronger stream-level signal than coarse-level 
morphological identification. Finally, between the two metabarcoding 
approaches (bulk sample and eDNA), we expected that bulk samples 
will be better able to characterize aquatic macroinvertebrate commu-
nities at the stream level because kicknet collecting is sampling from 
the local benthos, whereas eDNA sampling likely incorporates commu-
nity information from larger spatial scales.

2  | METHODS

2.1 | Fieldwork

2.1.1 | Site selection

We selected three streams in three adjacent watersheds that drain into 
Lake Erie for a total of nine stream sites in southern Ontario, Canada 
(Figure 1a). The sites were located either on Conservation Authority 
properties or on privately owned land with farms in the catchment and 
thus ranged across a gradient of local and landscape-level agricultural 
activity. At each stream, we selected a downstream and upstream tran-
sect location approximately 50 m apart. Six sites were sampled once at 
each upstream and downstream transects (2 samples total), and three 
sites were sampled more intensively (5–6 samples total, split between 
upstream and downstream sampling locations) for both eDNA and 
benthic macroinvertebrate sampling (Figure 1b).

2.1.2 | eDNA collection

We collected eDNA by filtering 1.5 L of water through a 5-µm ni-
trocellulose filter on site using the ande backpack system (Thomas, 
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Howard, Nguyen, Seimon, & Goldberg, 2018). We selected a 5-µm 
filter over a smaller pore size as our stream sites were turbid, and 
we chose to prioritize total volume filtered over a smaller pore size, 
as suggested by Thomas et al. (2018). At each site, we also filtered 
1.5 L of de-ionized water through a 5-µm filter as a negative field 
control to assess the amount of field contamination that occurs dur-
ing eDNA sampling. We preserved each eDNA filter (or negative 
control) in a 2-mL vial filled with 95% ethanol. The samples were 
stored in a cooler during transit from the field site and then stored in 
a −80°C freezer until DNA extraction.

2.1.3 | Benthic macroinvertebrate collection

After eDNA sampling, we collected benthic macroinvertebrates 
using a standard 3-min travelling kick-and-sweep transect using 
a 500-µm mesh D-net based on the Ontario Stream Assessment 
Protocol (Stanfield, 2017). All collected material was sorted using a 
500-µm sieve, and benthic macroinvertebrates samples were pre-
served on site in 95% ethanol. We transported the samples back 
to the laboratory in a cooler and stored them at 4°C until further 
processing.

2.2 | Laboratory work

2.2.1 | Benthic sorting and DNA extraction

Benthic macroinvertebrate samples were sorted and identified to 
family-level resolution for arthropods and phylum-level resolution 
for molluscs and annelids (taxon list and abundance available in 
Supplementary information S5). We air-dried the benthic macroin-
vertebrate samples on a clean laboratory bench in grinding tubes 
covered with Kimwipes to prevent infall. Once dry, we ground the 
tissue samples at 4,000 rpm for 30 min using an IKA Tube Mill with 

20-ml tubes and ten 4-mm-diameter steel beads (IKA, Staufen, 
Germany). Smaller samples were ground in 2-ml reaction tubes with 
two steel beads using a TissueLyser II (Qiagen, Hilden, Germany) set 
to a speed of 30 hz (or 1,800 oscillations a minute) for one minute. 
After homogenization, we transferred an average of 18.89  mg (± 
7.95 SD) of each sample to a sterile 2-mL tube. We extracted DNA 
from ground tissue powder using a DNeasy Blood & Tissue Kit 
(Qiagen, Hilden, Germany) and visualized the products using agarose 
gel electrophoresis.

2.2.2 | eDNA extraction

We used a CTAB extraction protocol for DNA extraction from the 
eDNA filters (see Turner, Miller, Coyne, & Corush, 2014). We cut each 
filter into eighths and placed two filter pieces into a 2-ml vial containing 
approximately 100 µl of sterilized glass beads and 500 µl of prewarmed 
(65°C) CTAB lysis buffer (VWR International, Radnor, PA, USA) for a 
total of four vials per filter. We homogenized the samples using a tis-
suelyser II (Qiagen, Hilden, Germany) at 30 hz for two rounds of thirty 
seconds each followed by an incubation period of one hour at 65°C 
with periodic inversion. We added 500 µl of 24:1 chloroform:isoamyl 
alcohol (Sigma Aldrich, St. Lewis, MO, USA) to each sample, mixed 
briefly using a vortex and then centrifuged at 13,000  g for 15  min. 
After centrifugation, we transferred the supernatant to a new tube and 
repeated the addition of 24:1 chloroform:isoamyl, mixing and centrifu-
gation. We transferred the resulting supernatant to a new tube and 
added an equal volume of isopropyl alcohol (Thermo Fisher Scientific, 
Inc., Waltham, MD, USA) and half this volume of 5M NaCL solution 
(Sigma Aldrich, St. Lewis, MO, USA). DNA was precipitated overnight 
at −20°C. The following day, we centrifuged samples at 13,000 g for 
15 min and discarded the supernatant. We washed the remaining pel-
lets with 70% ethanol, allowed them to air-dry and then resuspended 
them in 25 µl of low TE buffer (Sigma Aldrich, St. Lewis, MO, USA). 
We briefly warmed the samples to 65°C and recombined each quarter 

F I G U R E  1   (a) A map of nine stream sites in three subwatersheds in southern Ontario, Canada, and (b) a diagram of our paired eDNA and 
benthic kicknet sampling design
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sample into a single tube (for a total volume of 100 µl DNA extract 
for sample). We visualized the extracts using agarose gel electrophore-
sis and quantified them using a NanoDrop 8,000 Spectrophotometer 
(Thermo Fisher Scientific, Inc., Waltham, MD, USA).

2.2.3 | PCR amplification, library 
preparation and sequencing

We amplified a 421-base-pair region of the mitochondrial CO1 gene 
(the animal DNA barcode region, Hebert, Cywinska, Ball, & deWaard, 
2003) using primers designed and validated for freshwater macroin-
vertebrates (BF2 + BR2; Elbrecht & Leese, 2017). We prepared the 
PCR using a Qiagen Multiplex PCR Kit (Qiagen, Hilden, Germany) 
with a total volume of 25 µl for each reaction. Each reaction con-
tained 1 µl DNA extract (bulk sample concentration = 327.22 ng/
µl ± 275.52 SD; eDNA average concentration = 56.61 ng/µl ± 35.26 
SD), 12.5 µl Qiagen master mix, 10.5 µl molecular grade water and 
0.5 µl (concentration: 0.2 µM) of each primer (BF2 + BR2). Twelve 
negative controls were included containing 1 µl of molecular grade 
water in place of DNA. Our thermocycling profile was a 95°C initial 
denaturation for five minutes, 25 cycles (35 for eDNA) of 95°C for 
30 s, 50°C for 30 s and 72°C for 50 s, and a final extension at 72°C 
for five minutes. The size of the PCR products was verified using 
agarose gel electrophoresis. For one paired sample set (e.g. one bulk 
tissue and one eDNA sample from the same site), we included a tech-
nical replicate to assess PCR stochasticity.

We used a two-step PCR approach, amplifying COI using BF2 + BR2 
primers (Elbrecht & Leese, 2017) in the first step, and fusion primers 
for sample tagging in the second step (Elbrecht & Steinke, 2018). For 
the second PCR, we followed the same PCR protocol as above with the 
following changes: 1 µl of PCR product from the first reaction, 12.5 µl 
Qiagen master mix, 9 µl molecular grade water and 1.25 µl each of a 
forward and reverse fusion primer pair (concentration: 0.2 µM). Our 
thermocycling protocol included an initial denaturation at 95°C for five 
minutes, 15 cycles of 95°C for 30 s, 50°C for 30 s and 72°C for 2 min.

After this second PCR, we normalized the DNA concentration 
using the SequalPrep Normalization Plate (96) Kit (Thermo Fisher 
Scientific Inc., Waltham, MD, USA). We then pooled the library, sep-
arated it into eight aliquots and used SPRIselect clean-up (0.76 ratio; 
Beckman Coulter Life Sciences) to purify the amplicons and remove 
primer dimers from the normalized library. The aliquots were then 
pooled again and quantified using a Qubit HS Kit (Thermo Fisher 
Scientific Inc., Waltham, MD, USA). We submitted the pooled library 
to the Advanced Analysis Centre, University of Guelph, Ontario, for 
sequencing using the Illumina MiSeq platform with 300 paired-end 
sequencing and 5% PhiX spike-in.

2.2.4 | Bio-informatics pipeline

We assessed the raw sequence data quality with fastqc v.0.11.8 
(Andrews, 2010) and used the bio-informatics platform jamp version 

0.67 (http://github.com/Vasco​Elbre​cht/JAMP). After demultiplex-
ing with JAMP, we used usearch (v. 11.0.667; Edgar, 2010) to merge 
paired-end reads and cutadapt (v. 1.15; Martin,  2011) to remove 
primers from sequence reads. We trimmed the primers from the 
sequences, resulting in the 421-bp target region (COI region ampli-
fied by BF2 + BR2) and filtered out low-quality sequences (maximum 
expected error = 1). We clustered OTUs using usearch (v. 11.0.667; 
Edgar, 2010) with a minimum match criterion of 97% similarity. After 
clustering, we removed singletons (OTUs present in one sample) and 
OTUs with very low sequence reads (minimum 0.01% abundance in 
at least one sample to retain an OTU). We used the Barcode of Life 
Database (bold; Ratnasingham & Hebert, 2007) reference library to 
assign taxonomic information to OTUs. The JAMP script we used is 
available as Supplementary information S6.

2.2.5 | Data analyses

We performed all data manipulation and statistical analyses using 
R version 3.5.3 statistical software (R Core Team, 2019), and our R 
code is available as Supplementary information S7. Before any analy-
sis, we subtracted the maximum read number of OTUs present in 
the negative controls from the rest of the samples. For eDNA sam-
ples, we also subtracted the maximum read number of OTUs pre-
sent in the corresponding field-negative control (i.e. eDNA had both 
field- and laboratory-negative controls). To compare the diversity 
between bulk sample tissue metabarcoding and eDNA metabar-
coding, we calculated the total number of OTUs belonging to major 
taxonomic groups (invertebrates, algae, bacteria and others). We re-
peated this using the number of sequence reads (instead of OTUs) to 
better address the degree of unspecific amplification between each 
method. We then removed any nontarget taxa from the data set for 
subsequent analyses (e.g. we focused only on arthropods, molluscs 
and annelids). Finally, we did not include OTUs that had less than a 
90% similarity match to the BOLD reference database (e.g. identifi-
cation not reliable beyond family-level resolution) in further analy-
ses. We thus obtained two OTU tables of high-quality presence/
absence taxa based on (1) bulk sample tissue metabarcoding and (2) 
eDNA metabarcoding, in addition to a coarse-level taxa table based 
on morphological identification of bulk sample macroinvertebrates.

To test our prediction that bulk samples and eDNA do not sam-
ple the same community, we compared OTU presence/absence in 
each transect by calculating the number of OTUs shared by each 
paired eDNA and benthic sample (e.g. the overlap) and the number 
of OTUs that were unique to each sampling method. Next, we scaled 
back identifications to match those used in the coarse-level morpho-
logical data set (family level for arthropods, phylum for Annelida and 
Mollusca) and calculated Jaccard dissimilarity scores between each 
different identification method (bulk sample morphology vs. bulk 
sample tissue metabarcoding, bulk sample morphology vs. eDNA 
metabarcoding, and bulk sample tissue metabarcoding vs. eDNA 
metabarcoding) for each sample. We used a repeated-measures 
ANOVA to determine whether there was a statistically significant 

http://github.com/VascoElbrecht/JAMP
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difference between dissimilarities, followed by post hoc repeat-
ed-measures ANOVAs to determine which groups differed. The re-
peated-measures ANOVA allows us to directly compare differences 
in Jaccard dissimilarity scores between paired samples, rather than 
overall differences between the methods, and therefore controls for 
variation due to site and watershed-level differences.

To evaluate which sampling and identification method had the 
strongest stream-level signal, we used a distance-based redundancy 
analysis (RDA) with stream as the constraining factor. We calculated 
Jaccard dissimilarity indices based on presence/absence data for 
our three identification methods (coarse level for morphology and 
OTU level for both bulk sample and eDNA metabarcoding) and per-
formed three ordinations using the “capscale” function in the R pack-
age vegan (Oksanen et al., 2017). The sample sites were symbolized 
by stream, and samples from the same stream were joined by a line 
for visualization. The differences in community composition within 
a site can also be visualized and assessed based on the RDA plots. 
To assess the significance of the ordination constraint (stream), we 
performed an ANOVA with 999 permutations and calculated the ad-
justed R2 (Legendre & Legendre, 2012).

3  | RESULTS

The MiSeq run resulted in 18,142,288 sequence reads, and subse-
quent quality filtration retained 8,042,910 reads. Raw sequence 
data are available under the NCBI SRA ID: PRJNA575063. The 
OTU tables and taxonomic identifications used in our analyses, 
along with all metadata, are available as Supplementary informa-
tion S1-S4. The negative field controls for eDNA (9 samples, one 
per stream site) contained 582,181 sequences, or approximately 
7% of total sequence reads postfiltering (average of 64,686.78 
sequences ± 53,587.61 SD and 113.22 OTUs ± 69.02 SD per sam-
ple). The negative laboratory controls (12) contained 230,532 se-
quences, which was approximately 3% of all sequences. Per sample, 
the negative controls contained an average of 19,221 sequences (± 

25,080.71 SD) and 97.58 OTUs (± 49.74 SD). We had a total 6,983 
OTUs based on raw sequences. This was reduced to 6,076 OTUs 
after subtracting the maximum read number present in the nega-
tive controls (laboratory controls for all samples and field negatives 
for associated eDNA samples). Prior to accounting for the negative 
controls, tissue samples contained a total of 3,296,721 sequences 
(average of 109,890.7 ± 60,496.24 SD sequences per sample) and 
812 OTUs. The raw eDNA samples contained 3,933,476 sequences 
(average of 126,886.3 ± 56,854,44 sequences per sample) and 5,671 
OTUs.

3.1 | Sequence reads vs. OTU counts

After controlling for the reads present in negative controls, we com-
pared the total number of both OTUs and raw sequence counts 
belonging to major groups between bulk tissue metabarcoding and 
eDNA metabarcoding. We observed a much higher amount of OTUs 
in eDNA samples (5,543 OTUs) compared to bulk tissue samples (713 
OTUs); however, the taxonomic composition of these OTUs varied 
considerably. In bulk tissue samples, the majority of the OTUs were 
arthropods, molluscs or annelids (94%), followed by algae (3%) and 
bacteria (2%; Figure 2a). However, the majority of OTUs in eDNA 
samples were either bacteria (36%) or algae (32%; Figure 2b). More 
OTUs belonged to our three target phyla (Arthropoda, Annelida and 
Mollusca) in tissue metabarcoding samples compared to eDNA me-
tabarcoding samples (21%).

While there were more OTUs present in eDNA samples, the 
total number of sequences between tissue and eDNA samples were 
similar (3,099,384 and 3,750,834 sequence reads, respectively). The 
majority of the sequences in the bulk tissue samples belonged to 
Arthropoda (87%), and over 99% of sequences (a total of 3,085,602) 
belonged to our target phyla (Figure 2c). For eDNA, the sequences 
were represented by algae (73%), while sequence reads belonging to 
target phyla only made up 12% of total eDNA sequences (a total of 
456,770 sequences; Figure 2d).

F I G U R E  2   Pie charts representing the 
major groups detected by bulk sample 
metabarcoding and eDNA metabarcoding 
(invertebrates, algae, bacteria and others). 
Panels (a) and (b) represent the number 
of OTUs and their identity in bulk tissue 
samples (713) and eDNA samples (5,543 
total). Panels (c) and (d) represent the 
total number of sequence reads and their 
identity in bulk tissue samples (3,099,384) 
and eDNA samples (3,750,834)
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3.2 | Community dissimilarity between 
sampling methods

After eliminating any nontarget phyla from the data set, we ob-
served very little overlap in OTU identity between paired bulk and 
eDNA samples (Figure 3). Paired transects shared between 0 and 11 
OTUs (or 0%–18.03% of total OTUs) with an average shared percent-
age of 5.43% ± 6.34 (SD). Most OTUs present in the overlap were 
unique (occurring in 1–3 samples), but OTUs matching Chironomidae 
(specifically Hydrobaenus sp. and Orthocladius oliveri at 17 and 11, 
respectively) and Tubifex tubifex (in 9 paired samples) were the three 
most common OTUs shared between tissue and eDNA samples.

To include an appropriate comparison with the morpholog-
ical identification, we calculated community dissimilarity for all 
three identification methods scaled to family-level resolution (for 
Arthropoda) and to phylum for Annelida and Mollusca. The commu-
nities generated by eDNA metabarcoding were highly dissimilar to 
those generated by both morphological identification and bulk tis-
sue metabarcoding (Figure 4). The Jaccard dissimilarity scores were 
significantly different between comparisons (repeated-measures 
ANOVA: F2,56 = 74.73; p <  .001; Figure 4). Post hoc tests revealed 
morphology and tissue had significantly lower dissimilarity between 
communities than the other sampling methods (Figure 4, Table 1).

3.3 | Community composition and stream

Stream identity was a significant predictor of community com-
position based on family-level morphological identification 
(F8,20 = 2.1841, p =  .001) and had an adjusted R2 of 26.21%. The 
stream constraint also explained a significant portion of the vari-
ation in stream communities for both bulk tissue (F8,20 = 1.8153, 
p = .001; Figure 5b) and eDNA (F8,20 = 1.7154, p = .001; Figure 5c). 
The explained variation for bulk sampling was slightly higher for bulk 
tissue (adjusted R2 = 18.89%) than eDNA (adjusted R2 = 16.97%). 
While morphology had the highest explained variation, the RDA 

plot also had the most overlap in community composition between 
streams (Figure 5a).

4  | DISCUSSION

Our study compared paired bulk macroinvertebrate samples col-
lected via benthic kicknet sampling to eDNA samples collected via 
water filtration. The bulk samples were identified both by coarse-
level morphological identifications and via metabarcoding. Our goal 
was to evaluate the suitability of eDNA metabarcoding for local 
stream biomonitoring using aquatic macroinvertebrates as our focal 
community. We compared the collection methods by contrasting the 
overall richness and taxonomic overlap of paired samples collected 
via kicknet and aqueous eDNA sampling using a metabarcoding 
pipeline and determined how effective each method was at char-
acterizing stream communities. Previous work exploring community 
composition in streams generated by eDNA has reported differences 
in community composition based on pooled samples at coarse taxo-
nomic resolution (Deiner et al., 2017; Macher et al., 2018; Mächler 
et al., 2019). Here, we are interested in exploring differences at the 
local (rather than landscape) scale to ascertain which collection and 
identification methods are most effective for aquatic macroinverte-
brate biomonitoring.

4.1 | Sequence reads and OTU identity

We observed greater overall OTU richness in eDNA vs. bulk samples, 
which is consistent with the conclusions of previous eDNA metabar-
coding studies in streams (Deiner et al., 2016; Macher et al., 2018). 
However, bulk sample metabarcoding yielded more OTUs belonging 
to macroinvertebrate phyla (94% of bulk sample OTUs were mac-
roinvertebrates compared to 21% of eDNA OTUs). Our eDNA OTUs 
match the numbers described in Macher et al. (2018), who reported 
that 49.9% of OTUs were Metazoa in bulk samples compared to 

F I G U R E  3   The number of OTUs 
unique and shared to each paired 
sample between sampling methods 
(bulk tissue metabarcoding and eDNA 
metabarcoding). Each stack bar represents 
one sample pair. A larger space between 
bars indicates that samples were taken 
from a different stream site. The T above 
two of the bars indicates that these are 
technical replicates
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21.2% in eDNA samples; however, our bulk samples contained pro-
portionally more macroinvertebrate OTUs. In addition to calculating 
the number of OTUs belonging to our target groups, we also de-
termined what proportion of the sequence reads were macroinver-
tebrates for both bulk samples and eDNA. We observed that over 
99% of all sequences obtained via metabarcoding bulk tissue sam-
ples were invertebrates. Surprisingly, invertebrate taxa only made 
up a small percentage (12%) of eDNA sequences, which were instead 
dominated by algal sequences. This large discrepancy in sequence 
read numbers between bulk sample and eDNA metabarcoding for 
macroinvertebrates is surprising, and we suggest that read number is 
an important component to include in the results of eDNA metabar-
coding studies. Our results here indicate that bulk tissue metabar-
coding is more effective at characterizing aquatic macroinvertebrate 
communities.

In our eDNA samples, the low proportion of non-macroinver-
tebrate sequences compared to algal sequences suggests a high 
amount of nontarget amplification is occurring. In contrast, we ob-
served very few non-macroinvertebrate sequences from bulk sam-
ple metabarcoding. In an in vitro test of marker choice (COI and 12S) 
and primer pairs for sequencing fish eDNA, Collins et al. (2019) de-
termined that 12S performed better than COI due to the high oc-
currence of nonspecific amplification when using COI. It is possible 

that COI may not be an ideal marker for eDNA metabarcoding due to 
low reproducibility caused by nonspecific amplification (e.g. Collins 
et al., 2019). Even if a degenerate primer mainly targets arthropod 
DNA, it may still amplify nontarget DNA. Since eDNA sampling 
captures a large amount of nontarget DNA (e.g. algae and bacteria) 
relative to arthropod DNA (as we demonstrate here), the detection 
of target taxa will be reduced when using a degenerate COI primer. 
Using ribosomal markers and primers with conserved binding sites 
can help (Collins et al., 2019; Elbrecht et al., 2016), but these markers 
lack the reference library that the standard barcode marker COI has. 
A robust reference library is particularly important when sequencing 
very diverse groups such as arthropods and other invertebrates. The 
choice of molecular marker and primer pair is of paramount impor-
tance for a metabarcoding study, and Collins et  al.  (2019) suggest 
that an ideal metabarcoding primer must successfully amplify the 
taxonomic group while also avoiding nonspecific amplification. This 
dichotomy of a universal yet specific primer set may prove challeng-
ing to achieve for eDNA samples collected via water filtration, where 
the large proportion of prokaryotic groups present in the water col-
umn may overwhelm the target community, as seen in our results. 
However, recent studies have managed to reduce nontarget ampli-
fication using a COI primer with limited degeneracy (Leese et al., 
2020). While decreasing amplification efficiency for certain groups, 

F I G U R E  4   Jaccard dissimilarity 
scores for comparisons between 
communities generated by three different 
identification methods (MO, morphology 
identification from bulk samples; TI, 
tissue metabarcoding from bulk samples, 
eDNA, eDNA metabarcoding from 
water samples; Repeated-measures 
ANOVA: F2,56 = 74.73; p < .001). The 
lines represent the same paired sample 
set (bulk sample and eDNA) across each 
comparison. A different letter above a box 
plot represents a statistically significant 
difference

Methods F1,28 p

MO vs. TI & MO vs. eDNA 65.19 <.0001

MO vs. TI & TI vs. eDNA 103.5 <.0001

MO vs. eDNA & TI vs. eDNA 0.032 .86

Abbreviations: MO, family-level morpholog; TI, metabarcoding tissue; eDNA, metabarcoding 
eDNA.

TA B L E  1   Post hoc repeated-measures 
ANOVA values for Jaccard dissimilarity 
scores between each identification 
method
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most of the reads recovered from eDNA samples were target macro-
invertebrate reads (Leese et al. 2020). While many degenerate prim-
ers designed for bulk metabarcoding are likely not suitable for eDNA 
samples, COI metabarcoding for eDNA samples can be effective if 
appropriate primers are designed, but this is not a trivial process.

4.2 | Community composition and 
taxonomic overlap

We observed a very low overlap in taxonomic identity between 
paired bulk and eDNA samples using metabarcoding approaches to 
taxon identification. In some paired transects, there were no shared 
taxa between bulk samples and eDNA samples. To our knowledge, 
our numbers are the lowest reported overlap in OTU identity for 
stream macroinvertebrates. In Swiss streams, Deiner et  al.  (2016) 
report a 73% overlap between eDNA and kicknet samples identified 
morphologically across all the samples pooled and at family-level res-
olution. Similarly, Macher et al. (2018) found a 64% overlap for EPTs 
(Ephemeroptera, Trichoptera, Plecoptera) for all samples pooled, and 
Mächler et  al.  (2019) observed a 62% overlap between bulk sam-
ples and eDNA at the genus level. Contrary to these previous stream 
studies, Hajibabaei et  al.  (2019) compared bulk sample and eDNA 
metabarcoding at the individual site level in wetlands using exact 
sequence variants (ESVs) and observed that the highest proportion 

of shared aquatic macroinvertebrate ESVs between eDNA and bulk 
sample metabarcoding was only 14%. Hajibabaei et al. (2019) clearly 
demonstrate the importance of taxonomic resolution when compar-
ing similarities in community composition. Despite the difference in 
our study systems (lenthic vs. lotic), our results are most similar to 
Hajibabaei et al., (2019), and we observed very little taxonomic over-
lap between sample methods. It is likely that calculating the number 
of shared taxa between bulk sample and eDNA-generated commu-
nity data sets after pooling all the samples does not accurately re-
flect the variation in community composition that occurs at the site 
level, which would explain why our overlap percentages are much 
lower than previous studies (Deiner et al., 2016; Macher et al., 2018; 
Mächler et  al.,  2019). Additionally, comparing community compo-
sition at the family, or even genus, level is likely masking turnover 
within a group and artificially inflating overlap percentages.

We expected there to be unique aquatic macroinvertebrate 
OTUs collected by each method, in part because eDNA effectively 
encompasses a larger sampling region (e.g. upstream and terrestrial 
run-off); however, we found it surprising that our results were so 
extreme. For example, nearly one third of our paired samples did 
not share any OTUs. In addition to this lack of overlap, we were also 
surprised that bulk samples contained more unique macroinverte-
brate taxa than eDNA samples. Previous literature has suggested 
that eDNA metabarcoding results in higher taxonomic richness than 
bulk samples (Deiner et al., 2016), likely due to the fact that eDNA 

F I G U R E  5   Redundancy analysis 
(RDA) ordinations based on presence/
absence Jaccard dissimilarity indices of 
aquatic macroinvertebrate community 
composition for (a) morphological 
identification (coarse-level identification), 
(b) bulk sample tissue metabarcoding 
(OTUs) and (c) eDNA metabarcoding 
(OTUs). Each symbol represents an 
individual sample (benthic kicknet or 
water filtration for eDNA), and lines 
connect samples collected from the 
same stream (different streams are also 
represented by different colours)



10  |     GLEASON et al.

is incorporating community information from upstream reaches. 
However, when considering only macroinvertebrate groups, bulk 
samples collected more unique taxa than eDNA. The higher richness 
of our bulk samples, combined with the minimal taxonomic overlap 
between the two methods, suggests that eDNA is not effectively 
characterizing the local aquatic macroinvertebrate communities in 
our study system.

It is not clear why the overlap in our study is so low between 
bulk samples and eDNA, but several possibilities exist. The OTUs 
that were most commonly detected in both methods all belong to 
ubiquitous groups (Chironomidae, Elmidae, Oligochaeta). It is pos-
sible that aqueous eDNA sampling is not as effective at detecting 
less abundant benthic taxa or that macroinvertebrates are shedding 
less eDNA into the water column than larger, more taxa (e.g. fish and 
amphibians). Alternatively, the DNA shed by benthic-dwelling mac-
roinvertebrates could be retained in the sediment and is not being 
released into the water at high enough quantities to reliably detect. 
The fate of eDNA is not well understood, particularly for aquatic 
macroinvertebrates. Many of these groups are not active swimmers 
and spend much of their aquatic life cycle on or within the substrate, 
and it is unclear how much DNA is being shed by these organisms, 
let alone whether it is released into the water column or settles into 
the sediment. Most of the research on the eDNA shedding rates of 
aquatic taxa focus on vertebrates (e.g. Wilcox et al. 2016), and per-
haps, the exoskeleton of arthropods results in less epithelial shed-
ding. It is also possible that DNA is being moved downstream and 
the signal is being lost, but Hajibabaei et al. (2019) also observed low 
taxonomic overlap in wetlands where, theoretically, eDNA should be 
more concentrated. This discrepancy between bulk tissue and eD-
NA-generated community composition suggests that the two sam-
pling methods are actually sampling different microhabitats within a 
stream (e.g. the water column vs. the benthic substrate).

For other freshwater groups, eDNA has been more successful 
at characterizing local communities. For example, visual and eDNA 
surveys were very concordant (between 73% and 93% overlap) for 
fish communities in large rivers (Pont et al., 2018). However, in ma-
rine environments, eDNA metabarcoding was more likely to detect 
algae and small-bodied invertebrates and visual surveys primarily 
detected larger arthropods, such as kelp crabs (Shum, Barney, Leary, 
& Palumbi, 2019). This suggests that visual or physical surveys are 
biased towards larger-bodied organisms; however, our kicknet sam-
pling was more effective at surveying macroinvertebrate biodiver-
sity than eDNA.

4.3 | Stream signal and implications for 
biomonitoring

All three identification methods (family-level morphological identi-
fication, bulk tissue metabarcoding and eDNA metabarcoding) had 
a significant stream-level signal, meaning that stream had an influ-
ence on the community composition of aquatic macroinvertebrates 
for all sampling and identification types. Surprisingly, coarse-level 

morphological identifications had the highest explained variation 
when we expected that molecular identifications would yield further 
insight into community patterns. While some studies suggest that 
little information is lost by using coarse-level taxonomy (Marshall 
et  al.,  2006), others demonstrated the power of using molecular 
identification to detect complex patterns within a family (Beermann, 
Zizka, et al., 2018; Macher et al., 2016). When comparing approaches 
to identifying stream macroinvertebrates, Sweeney et  al.,  (2011) 
found that identification method and resolution changed the total 
number of observed taxa from 26 (coarse family-level identifica-
tion) to 150 (DNA barcoding). Likewise, the number of OTUs in our 
metabarcoding data sets greatly exceeded the number of families in 
the morphology data set. The smaller amount of possible variation 
likely contributed to the higher adjusted R2 value for our morpho-
logical data set. When observing the RDA plots, the morphological 
data set (Figure 5a) had the most overlap in community composition 
between sites whereas both bulk sample and eDNA metabarcod-
ing had more unique community compositions between streams 
(Figure 5b and c). Based on this and the increased diversity, we still 
suggest that species-level resolution is preferred to detect patterns 
that occur within a family (Beermann, Zizka, et al., 2018), and given 
the costs and challenges associated with morphological identifica-
tion, bulk sample metabarcoding is an effective way to characterize 
macroinvertebrate biodiversity (Elbrecht & Steinke, 2018; Elbrecht 
et al., 2017; Gibson et al., 2015).

Metabarcoding both bulk tissue and eDNA samples allowed us to 
detect differences in community composition between streams, in-
dicating that each method is collecting communities that are unique 
to each stream. However, we determined that bulk tissue and eDNA 
are not sampling the same communities (e.g. sampling different 
stream microhabitats) as there was very little overlap in community 
composition between paired local samples. Our eDNA samples were 
lower in OTU richness than the bulk samples and perhaps did not 
capture sufficient aquatic macroinvertebrate eDNA to accurately 
characterize local stream communities. While increasing the number 
of biological and technical replicates could increase our detection 
success with eDNA (Alberdi, Aizpurua, Gilbert, & Bohmann, 2018), 
our current sampling method was robust enough to detect patterns 
using bulk samples. While we did not test for inhibition in the eDNA 
samples, partial inhibition could be occurring and could result in 
low-abundance OTUs not amplifying during PCR. Currently, inhibi-
tion testing is not common in the eDNA metabarcoding literature, 
but we suggest that future work explores the affect of inhibition in 
field samples, particularly for low-abundance taxa. Another possi-
bility for the lack of overlap in our study, and the low proportion of 
macroinvertebrate DNA in the water samples, could be that mac-
roinvertebrate eDNA fragments are too small to be collected with 
5-µm filters (Moushomi, Wilgar, Carvalho, Creer, & Seymour, 2019), 
but decreasing our filter pore size would have reduced the volume 
of water we were able to filter on site. Finally, despite precautions 
being taken during all sample processing and laboratory work, the 
sequences present in our negative controls indicate that contamina-
tion is still occurring and may increase the presence of false positives 
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in our data set. Morey, Bartley, and Hanner (2020) detected and re-
ported evidence of contamination in an eDNA metabarcoding study 
of a tropical fish aquarium and commented on the lack of standard-
ization the field has for treatment of negative controls. Indeed, while 
most literature report that negative controls have been included in 
the data set and somehow accounted for, there is little discussion 
of what is present in these controls or how the data were treated, 
indicating the need for transparency in future studies in order to de-
velop appropriate thresholds (see Morey et al., 2020). While there 
is promising literature on the use of eDNA in routine freshwater 
assessments, such as its effectiveness for difficult-to-detect organ-
isms (salamanders in Spear, Groves, Williams, & Waits, 2015), there 
remain many methodological choices than can influence its success. 
Here, we demonstrate that metabarcoding bulk samples are more 
effective at representing local communities of aquatic macroinver-
tebrates than metabarcoding eDNA, but it is important to consider 
the influence of primer sets and marker choice on the results of such 
comparisons as degenerate COI primers may not be an appropriate 
choice for eDNA metabarcoding studies based on our results.

4.4 | Synthesis

We observed that bulk sample and eDNA metabarcoding differ in 
community composition for stream macroinvertebrates and that 
there is very little overlap in OTU identity at the site level. We dem-
onstrated that morphological identification (at family-level resolu-
tion), bulk sample metabarcoding and eDNA metabarcoding are all 
successful at characterizing stream communities. However, bulk 
tissue metabarcoding captured the highest aquatic macroinverte-
brate diversity in addition to detecting differences in community 
composition between streams. We suggest that eDNA does not ad-
equately sample local aquatic macroinvertebrate DNA as it is not re-
flecting what we collected with kicknet sampling. While eDNA may 
be an effective tool for detecting physically larger and less diverse 
groups (e.g. fish and amphibians), there are still challenges associ-
ated with sampling macroinvertebrate eDNA. Future studies could 
further explore the differences in shedding rates between macroin-
vertebrates and vertebrates, or the fate of macroinvertebrate eDNA 
(e.g. water column vs. substrate sampling; Westfall, Therriault, & 
Abbott,  2019), in order to inform better sampling strategies. It is 
possible that aquatic macroinvertebrate DNA is being retained in 
the benthic sediments, and we suggest that future work comparing 
paired kicknet samples to both sediment and water eDNA samples 
would be a valuable contribution to the eDNA literature. We also ac-
knowledge that methodological decisions in the field (pore size and 
volume of water filtered), laboratory (choice of polymerase, primer 
set and inhibition testing) and during bio-informatic processing of 
data (e.g. clustering thresholds) can all influence the results. We sug-
gest that detailed methodological studies are important to address 
the challenges of eDNA, including mesocosm work which explores 
the influence of water quality parameters on eDNA success rates. 

Finally, eDNA detected more OTUs from nonarthropod groups (e.g. 
algae and bacteria) and there is the potential that our reliance com-
munity composition of large-bodied invertebrates for bioassess-
ments may need to be revisited in the era of eDNA. However, here 
we conclude that eDNA does not match local aquatic macroinverte-
brate communities, and if small-scale spatial resolution is important 
to a study design, metabarcoding bulk samples is a more accurate 
representation of community composition. This work has important 
implications for biomonitoring programmes, many of which already 
use aquatic macroinvertebrates as indicators. Incorporating meta-
barcoding pipelines into routine biomonitoring can provide greater 
estimates of biodiversity and thus provide better tools to detect 
ecological patterns and offer greater insight into stream condition.
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